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The green microalgae Chlorella vulgaris is a source of valuable nutrients, whose bioaccessibility is limited by the
structurally complex cell wall. Enzymatic degradation of the cell wall represents a remarkable alternative to
mechanical treatments due to its mildness and specificity. This work aimed to define an optimal combination of
enzymes to increase the lipid and protein bioaccessibilities of C. vulgaris cells while preserving oxidative stability.
Among the tested enzymes, chitinase, rhamnohydrolase, and galactanase caused the highest release of micro-
algae cellular material. Treatment with this enzymatic combination produced a slight increase in protein bio-
accessibility, from 49.2% =+ 3.9% to 58.7% =+ 3.5%, but no increase in lipid bioaccessibility in comparison to the
control. High-pressure homogenization (HPH) led to 61.8% =+ 2.6% lipid and 59.8% + 1.8% protein bio-
accessibilities. Cell integrity was preserved after enzymatic treatment, while the mean particle size was reduced
from 5 to 2 pm after HPH. Oxidative stability was maintained over 3 months of accelerated shelf life in untreated
and enzymatically treated C. vulgaris biomass while HPH caused drastic instability and off-flavour formation.
Although more work is needed to optimise the enzymatic treatment to maximise the nutrient bioaccessibility, the
presented process was successful in preserving lipid quality.

1. Introduction

Microalgae are a diverse group of unicellular organisms that popu-
late all aquatic ecosystems, ranging from freshwater to marine envi-
ronments (Grima et al., 2013). Microalgae have rising potential for the
biotechnology industry because of their simple growth requirements
and high reproductive rate (Galasso et al., 2019). Moreover, they are a
promising source for nutraceuticals and functional food products due to
their nutrient profile, containing high-quality protein, polyunsaturated
fatty acids, dietary fibre, vitamins, and minerals (Batista et al., 2013). In
our previous work, we showed that the bioaccessibility of microalgae
nutrients for human digestion is limited due to the indigestible cell wall
(Bernaerts et al., 2020; Canelli, Tarnutzer et al., 2020). Cell disruption is
necessary for improving the extractability of the targeted compounds
from the cells, as well as to enhance nutrient bioaccessibility during
digestion of the whole biomass. Mechanical methods, such as bead
milling and high-pressure homogenization (HPH), are reported to be
efficient in terms of extractability (Giinerken et al., 2015). However,
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they create cell debris and emulsions that are hard to separate during
industrial processing to obtain purified compounds of interest (Scherer
et al.,, 2019). Enzymatic degradation can be considered an emerging
processing technology as it is gaining attention because of the high re-
action selectivity, limited energy requirements, and gentle and
pollutant-free processing conditions (Baudelet et al., 2017). This might
ensure the preservation of heat-sensitive compounds, avoiding product
oxidation and denaturation under harsh conditions. This aspect is
particularly relevant for polyunsaturated fatty acids (PUFAs) because of
their high sensitivity to oxidation (Gheysen et al., 2018; Shahidi, 2001).
Previous research has shown that the lipolytic stability of wet microalgal
biomass is determined by cell integrity, which is dependent on the
resistance of the cell wall (species- and cultivation-dependent). More-
over, cell disruption by HPH significantly impaired the lipolytic stability
of Nannochloropsis during wet storage (Balduyck et al., 2017).

A drawback of an enzymatic process might be the high cost of the
enzymes. Two options to reduce the cost could be the immobilization of
the enzymes or the combination of this process with another method, e.
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g., microwaves (Kim et al., 2013). Research on the enzymatic degrada-
tion of C. vulgaris is limited to a few studies, none of them investigating
the effect of cell wall enzymatic degradation on microalgae nutrient
bioaccessibility. Previous works examined cell wall-degrading enzymes
to increase lipid extractability for biofuel production from microalgae
(Cho et al., 2013; Gerken et al., 2013; Taher et al., 2014) without
consideration of lipid oxidation. Gerken et al. (2013) found that chiti-
nase and lysozyme inhibited the growth of C. vulgaris by acting on cell
wall permeability and thickness. Cellulase and p-glucosidase were used
for C. vulgaris by Cho et al. (2013) to increase the lipid extraction yield
from 29.2% to 73.1%. A combination of exo-glucosaminidase, alginate
lyase, lysozyme, and peptidoglycan N-acetylmuramic acid deacetylase
was selected by Coelho et al. (2019) to degrade the C. vulgaris cell wall
and access its nutritional components. This enzyme mixture led to
23.4-fold and 1.2-fold increases in the release of protein and fatty acid
contents, respectively, compared to the untreated biomass. Cell
disruption by enzymatic treatment of Chlamydomonas reinhardtii for
protein and lipid extraction was analysed by Sierra et al. (2017), who
developed an aqueous enzymatic assisted extraction treatment to pre-
serve high-value bioproducts while allowing high levels of cell disrup-
tion. Biomass pretreatment with autolysing was chosen as the preferred
method and demonstrated to significantly enhance protein (+20%) and
lipid (+30%, hexane as solvent) recoverable yields compared to the
control.

Detailed knowledge of the cell wall is necessary for cost reduction
and high efficacy of the enzymatic processes (Baudelet et al., 2017). In a
previous study, we characterized the cell wall composition of hetero-
trophically grown C. vulgaris (Canelli et al., 2021). Galactose and
rhamnose constitute 53% and 26% of C. vulgaris cell wall, suggesting the
presence of galactan and rhamnose-based polymers, respectively. In
addition, the detection of glucosamine suggested the occurrence of
chitin and chitosan (Gerken et al., 2013). Having available a detailed
chemical characterization enabled us to select a list of enzymes by
confidently targeting the cell wall constituents.

The work presented herein focused on screening five cell wall-
degrading enzymes on C. vulgaris, which is one of the most industri-
ally cultivated microalgae and one of the few species authorized for food
consumption (Caporgno & Mathys, 2018). Enzymes were screened for
their capacity to cause a release of cellular material from the algal
biomass. Based on these results, we defined a combination of the most
effective enzymes to partially disrupt C. vulgaris cells while preserving
lipid oxidative stability. Lipid and protein bioaccessibility, as well as
particle size (cell integrity), of enzymatically treated biomass were
compared to a biomass disrupted by HPH. This study provides new in-
sights into the effect of cell wall-enzymatic degradation of microalgae
cells on lipid oxidative stability during storage, including a comparison
to harsher mechanical disruption technology, such as HPH.

2. Materials and methods
2.1. Microalgae culture conditions

C. vulgaris (CCALA 256) was attained from the Culture Collection of
Autotrophic Organisms (Tfebon, Czech Republic). For enzymatic
screening for disruption efficacy and nutrient bioaccessibility, freeze-
dried and resuspended microalgae biomass was used. C. vulgaris was
heterotrophically cultivated as reported by Canelli, Neutsch, et al.
(2020), with the glucose concentration adapted to 20 g L™1. The biomass
was cultivated in batch in a 16-L bioreactor (Bilfinger Industrial Tech-
nologies, Mannheim, Germany). C. vulgaris biomass was harvested after
four days in stationary phase. Biomass was centrifuged, washed with
demi-water, frozen (—20 °C) and freeze-dried (LyoLab B, LSL Secfroid,
Aclens, Switzerland) for further experiments. Fresh biomass was used
for the determination of particle size and lipid oxidation. C. vulgaris was
cultivated in Bold’s basal medium supplemented with 20 g L™! glucose
in 500 mL Erlenmeyer flasks, in the dark at 25 °C and 150 rpm in a
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shaking incubator (Multitron Pro, Infors AG, Bottmingen, Switzerland).
The biomass was harvested after reaching the stationary phase and
centrifuged (10000 g, 10 min, 20 °C). After discarding the supernatant,
the pellet was used for further experiments.

2.2. Enzymatic treatment

Freeze-dried/fresh microalgae biomass was suspended (20 g L™1) in
50 mM potassium phosphate buffer at pH 6. Enzymatic treatment was
performed in triplicate (n = 3) in 2 mL Eppendorf tubes for screening
(disruption efficacy) and in 30 mL glass tubes for other analyses (bio-
accessibility, particle size, lipid oxidation). The microalgae suspension
was mixed with enzyme stock solutions. The added enzymes with their
respective final concentrations are reported in Table 1. Enzymes were
always added in excess compared to their substrate, which was calcu-
lated based on Canelli et al. (2021), and concentrations were determined
based on the specific activities whenever available. For the control
(untreated biomass), the enzyme solution was replaced by phosphate
buffer. All tubes were incubated for 24 h at 37 °C in a Labinco test-tube
rotator (Huber & Co. AG, Reinach BL, Switzerland). After incubation,
the samples were collected and immediately cooled on ice. For enzy-
matic screening, part of the sample was centrifuged (10000 g, 4 °C, 10
min) to obtain the supernatant fraction. For the other analysis, only the
full suspension was used.

2.3. High-pressure homogenization treatment

Freeze-dried and resuspended microalgae cells were disrupted by
high-pressure homogenization (HPH). HPH is one of the most efficacious
disintegration methods (Buchmann et al., 2019; Safi et al., 2015; Seve-
nich & Mathys, 2018), and therefore, it was selected as the reference
treatment. The microalgae suspension (200 mL, 40 g L) was treated in
a microfluidizer (M110EH, Microfluidics Corporation, Westwood, USA)
at 1000 bar, applying four passes. In the microfluidizer, a Y-shaped
ceramic interaction chamber F20Y (75 pm gap width) was used. In
addition, a downstream auxiliary processing module H30Z (200 pm gap
width) provided further treatment of the suspension and stabilization of
the product flow. At an operating pressure of 1000 bar, the flow rate of
the product was 480 mL min !, and the shear rates were estimated as 6
x 10° s7! in the interaction chamber and 2.2 x 10° s™! in the auxiliary
processing module, according to the manufacturer (Bocker et al., 2020).
The temperature of the outflow did not exceed 40 °C. The sample was
immediately cooled on ice and used for further analysis.

2.4. Analytics

2.4.1. Disruption efficacy — total carbon and total nitrogen release

To assess the efficacy of the disruption treatment, a similar method as
Goettel et al. (2013) was performed. The release of cellular material was
evaluated by measuring the total carbon (TC) and total nitrogen (TN)
released in the supernatant after the treatment and compared to the TC
and TN present in the full suspension (Equation (1)). Carbon and ni-
trogen were measured by a TOC-L connected to a TN module (Shimadzu
Europa, Duisburg, Germany).

TC or TNin supernatant

TC 0or TN retease into supernatant (%) = W 100 1)
in full suspension

2.4.2. Determination of lipid and protein bioaccessibilities

Protein and lipid bioaccessibilities were measured by an in vitro
digestion model, following the standardized protocol (INFOGEST 2.0),
as described in Canelli, Tarnutzer, et al. (2020). In brief, digestion was
performed in triplicate (n = 3) at 37 °C with stirring at 300 rpm. To
simulate the oral phase (2 min, pH 7), the following solutions were
mixed with the freeze-dried biomass (0.5 g): water (1.89 mL), simulated
salivary fluid (SSF, 1.6 mL), and CaCl, (10 pL, 0.3 M). To initiate the
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Table 1
Enzyme specifications and concentrations used in the experiments.
Enzymes Supplier CAS number Final concentration Specifications
mg mL~! % ww! U rng’1

Chitinase Sigma-Aldrich, Buchs, Switzerland 9001-06-03 2.0 x 107! 1 3.5x 1072 3.5 x 102 U g~ ! solid
Lysozyme Sigma-Aldrich, Buchs, Switzerland 12650-88-3 2.0 x 107! 1 3.8 x 102 42 x10*Umg™' P
Chitosanase Sigma-Aldrich, Buchs, Switzerland 51570-20-8 1.5 x 107* 7.7 x 107* 83 x 1074 1.1 x10°Umg ' P
Endo-1,4-p-galactanase Megazyme, Bray, Ireland 58182-40-4 3.7 x 1072 1.8 x 1072 1.9 x 1072 1.0 x 10°Umg~ ' P
Rhamnogalacturonan NZYTech, Lisbon, Portugal n. a. 10 pL in 2 mL n. a. n. a. n. a.

rhamnohydrolase 106A

gastric phase, simulated gastric fluid (SGF, 3.2 mL) and CaCl; (2 pL, 0.3
M) were added to the oral bolus, and the pH was set to 3. Pepsin (0.2 mL,
80000 U mL~'; Sigma-Aldrich, Buchs, Switzerland) and gastric lipase
(0.2 mL, 2400 U mL™%; Lipolytech, Marseille, France) were added, and
the final volume was topped up to 8 mL with water. The pH was regu-
larly adjusted to 3. After 2 h of incubation, the pH was set to 7, and
simulated intestinal fluid (SIF, 3.4 mL), CaCl; (16 pL, 0.3 M), pancreatin
(2 mL, 800 U mL’l; Sigma-Aldrich), and bile salts (1 mL, 0.16 mM;
Sigma-Aldrich) were added. Water was added to a final volume of 16
mL. After 2 h of incubation, an aliquot (3 mL) of full digesta was frozen
with liquid nitrogen and freeze-dried. The remaining full digesta was
centrifuged (30 min, 10000 g, 4 °C). The micellar phase (supernatant)
and the pellet were separately frozen with liquid nitrogen and
freeze-dried. Infant formula (Aptamil 1; Milupa, Dublin, Ireland) was
used as positive control and subjected to in vitro digestion, as entire
bioaccessibility was anticipated for this sample. Water (2 mL) without
microalgal biomass was digested as a blank to quantify the nitrogen and
fatty acids coming from the digestive fluids and enzymes.

The full digesta and micellar phase were analysed in terms of lipid
and protein contents. The lipid content was expressed as the total fatty
acids measured as explained in Canelli, Tarnutzer, et al. (2020). In short,
fatty acids were trans-esterified by 1.5 N methanolic hydrochloric acid
solution and analysed by a gas chromatograph (GC) equipped with a
flame ionization detection (FID) and a split-injection port (7890A;
Agilent Technologies, Basel, Switzerland). The temperature-time pro-
gramme was set as follows: 50 °C (0.2 min), 50-180 °C (120 °C min _1),
180-220 °C (6.7 °C min 71), and 220-250 °C (30 °C min 71) on a 70%
cyanopropyl polysilphenylene-siloxane column with an internal diam-
eter of 0.1 mm, length of 10 m, and film of 0.2 pm (BPX70; SGE
Analytical Science, Milton Keynes, UK). Protein content was quantified
by measuring the total nitrogen using a TOC-L connected to a TN module
(Shimadzu Europa, Duisburg, Germany). The dried full digesta and
micellar phase were dissolved in water (10-20 mg in 15 mL) and ana-
lysed. Lipid or protein bioaccessibility was defined as the amount of lipid
or protein contained into the micellar phase (corrected by the lipid or
protein in the micellar phase of the enzyme blank) divided by the
amount of lipid or protein in the full digesta (corrected by the lipid or
protein in the full digesta of the enzyme blank, respectively), expressed
as a percentage (%) in Equation (2).

Llpld or pr()teinmicellar phase

Lipid or protein bioaccessibility(%) = x 100

Lipid or proteing igesta

(2)

2.4.3. Particle size

Cell integrity was determined in triplicate (n = 3) by measuring the
particle size of treated fresh microalgae cells with an LS 13 320 laser
diffraction particle size analyser (Beckman Coulter, Brea, Canada). The
measurement was done on the water module. The pump speed was set at
60%, and the optical model Frauenhofer rf780d was chosen. The anal-
ysis was run at an obscuration of 10%, and the results were displayed as
mean diameter of the volume based droplet size distribution (d43) and as
volume density distribution (qs).

2.4.4. Light microscopy images

The cells were observed by a light microscope (Axio Imager Z2, Zeiss,
Oberkochen, Germany) coupled with a colour camera (AxioCam 506
colour, Zeiss, Oberkochen, Germany) using an objective of 100x.

2.4.5. Lipid oxidation

Lipid oxidation was studied as reported by Canelli, Neutsch, et al.
(2020) by measuring secondary lipid oxidation products. In brief,
treated biomass was freeze-dried and kept in amber vials (60 mg), and
stored at 40 °C for 0, 2, 4, 6, 8, and 12 weeks. The secondary oxidation
was assessed in triplicate (n = 3) according to the method of Rohfritsch
et al. (2019) with certain adjustments. The biomass (60 mg) was
dispersed in 1.5 mL of chloroform/methanol (1/2, v v'1). The samples
were mixed (2500 rpm, 10 min) in a multi-tube vortexer (DVX-2500,
VWR, Switzerland). The sample supernatant (100 pL) was combined
with 100 pL of 7-(diethylamino)-2-oxochromene-3-carbohydrazide
(CHH) and 5 pL of internal standard (ISTD, hexanal-d;5, 10 pg mL'in
acetonitrile). After an incubation for 1.5 h at 1400 rpm and 37 °C using a
thermomixer (Comfort, Eppendorf, Schonenbuch, Switzerland), the
sample was diluted with acetonitrile (100 pL) and centrifuged (2500 g,
20 °C). The supernatant was injected in an ultra-performance liquid
chromatography (UPLC) (Dionex UltiMate 3000)-QExactive Plus
(Thermo Scientific, Basel, Switzerland) system. (Z)-3-hexenal and
hexanal were chosen as indicators for lipid oxidation, as volatiles com-
ing from -3 and -6 fatty acid degradation pathways, respectively. The
response factors were expressed as the ratio of the area of the volatiles to
the area of the internal standard hexanal-d;5.

In addition, the stored dried samples were coded, randomized, and
evaluated by sniffing by a panel of four people, who evaluated the odour
by ranking the samples and describing the perceived flavour notes.

3. Results and discussion

3.1. Screening of five single enzymes for disruption efficacy

A group of cell wall-degrading enzymes was selected based on our
previous C. vulgaris cell wall characterization (Canelli et al., 2021). In
our earlier study, we showed that galactose constitutes 53% of C. vulgaris
cell wall, suggesting the presence of galactan polymers, and rhamnose
represents 26% (Canelli et al., 2021). Therefore, endo-p-1,4-galactanase
and rhamnogalacturonan rhamnohydrolase were included in this work.
Chitinase and chitosanase were selected because of their degrading ac-
tivity of chitin and chitosan, which are present in C. vulgaris cell wall
(Gerken et al., 2013; Kapaun & Reisser, 1995). In addition, lysozyme
was employed to degrade chitin. As glucose accounted for only 3% of the
cell wall monosaccharides (Canelli et al., 2021) and previous research
reported absence of cellulose in C. vulgaris cell wall (Baudelet et al.,
2017; Gerken et al., 2013), cellulase was not included in this study.

Each single enzyme was incubated with the C. vulgaris suspension, in
order to assess its disruption efficacy on the cell wall. A temperature of
37 °Cand pH 6 were chosen as suitable averages between the optimal pH
and temperature of each enzyme. To evaluate the degree of disruption,
the release of cellular material in solution was measured by quantifying



G. Canelli et al.

70
60
50
40
30
20
10

% Total Carbon

Total Nitrogen L

TC/TN release [%]

Fig. 1. Release (%) of total carbon (TC, dotted pattern) and total nitrogen (TN,
full pattern) into the supernatant after enzymatic treatment (24 h, 37 °C) of
C. vulgaris with individual enzymes (chitinase, chitosanase, rhamnohydrolase,
galactanase, lysozyme) and after high-pressure homogenization (HPH) treat-
ment. Error bars represent the standard deviation of triplicates (n = 3).

the total carbon (TC) and nitrogen (TN) released into the supernatant
(Fig. 1).

Among the investigated enzymes, chitinase showed the highest
release of TC (20.1% + 0.5%) and TN (40.6% =+ 1.2%) compared to the
control (TC = 8.6% =+ 0.9%, TN = 7.4% =+ 0.1%). Chitosanase showed an
increase in TC release up to 12.1% =+ 0.8%. According to Gerken et al.
(2013), chitinase causes a general decrease in the electron density of the
wall, whereas chitosanase accounts for a minor thinning of the outer
region of the cell wall. While both have chitosan (poly-f-1,4-p-glucos-
amine) as their main substrate, chitinase is additionally able to degrade
chitin, hydrolysing this polymer to liberate the amino sugar f-1,
4-D-N-acetylglucosamine (Coelho et al., 2019; Gerken et al., 2013).
Interestingly, lysozyme showed no disruption efficiency. Lysozyme can
hydrolyse the linkage between peptidoglycan units in the cell walls.
Specifically, it degrades polymers containing N-acetylglucosamine,
which is a derivative of glucosamine, an important component of the cell
wall (Gerken et al., 2013; Kapaun & Reisser, 1995). Lysozyme improved
the lipid extraction yield from wet samples of Scenedesmus from 4% to
16.6% (Taher et al., 2014). Gerken et al. (2013) showed that lysozyme
degrades the outer surface of C. vulgaris cell wall and eliminates the
hair-like fibres extending from the outer layer. Moreover, the authors
showed that lysozyme was already effective alone but had a synergistic
effect in enhancing the cell permeability when in combination with
other enzymes. In our study, lysozyme alone did not significantly affect
carbon and nitrogen release, probably because its activity is limited to
external hair-like fibres.

Rhamnohydrolase increased TN release up to 8.9% =+ 0.1% and TC
release to 16.3% =+ 0.4%, suggesting the presence in the cell wall of
rhamnogalacturonan, which is a complex polymer with a poly-
saccharidic backbone of repetitive disaccharide units composed of
rhamnose and galacturonic acid. Rhamnogalacturonan rhamnohy-
drolase is an enzyme that participates in the exohydrolysis of rhamno-
galacturonan oligosaccharides, releasing f-p-rhamnose from the
nonreducing end (Nzytech, 2021). This result correlates well with the
cell wall composition of C. vulgaris, containing up to 26% rhamnose and
5% uronic acid (Canelli et al., 2021). As the usual ratio rhamnose: gal-
acturonic acid in pectin-like structure is between 1:1 and 1:2 (Voragen
et al., 2009), the high amount of rhamnose found in the cell wall of
C. vulgaris indicates the additional presence of a rhamnose-rich poly-
saccharide. Unfortunately, the structural characterization of such a
polysaccharide has not been published yet. To the best of our knowl-
edge, only a type of sulphated rhamnan has been reported in green algae
(Suzuki & Terasawa, 2020). Moreover, there is a lack commercially
available enzymes targeting non-pectic rhamnose-rich polysaccharides.

Galactanase showed a clear increase in TN release up to 16.3%. This
suggests the presence in the cell wall of galactan or similar polymers that
galactanase can hydrolyse, such as type I arabinogalactans.

As a positive control, HPH treatment was performed. HPH is a
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mechanical disruption treatment that leads to the full disruption of algal
cells, as later shown by optical microscopy (Fig. 4c). HPH led to TC and
TN releases of 39.6% + 2.9% and 63.8% =+ 3.1%, respectively. These
results indicate that not all material was released into the supernatant.
Indeed, even after HPH, cell debris was still present, as confirmed by
microscopy and particle size analysis (section 3.3); thus, not all the
cellular material was dissolved into the supernatant.

Based on these results, the combination of the three best performing
enzymes (chitinase, rhamnohydrolase, and galactanase) was chosen for
further experiments.

3.2. Lipid and protein bioaccessibilities

In this section, we evaluated the effect of enzymatic treatment
(combination of chitinase, rhamnohydrolase, and galactanase) on the
lipid and protein bioaccessibilities of C. vulgaris cells. The bio-
accessibility of enzymatically treated microalgal biomass was compared
to that of the untreated control (biomass incubated for 24 h without cell
wall-degrading enzymes), as well as that of HPH-treated biomass
(Fig. 2).

The protein bioaccessibility of untreated biomass (control, 49.2% +
3.9%) was similar to that of 51 + 9% described by Muys et al. (2018).
Enzymatic treatment caused an increase in protein bioaccessibility
(from 49.2% + 3.9% to 58.7% =+ 3.5%) but not lipid bioaccessibility
(from 24.9% =+ 3.0% to 21.1% =+ 1.1%). To date, the protein and lipid
bioaccessibilities of enzymatically treated algal biomass have not been
investigated yet, therefore no comparison to other studies can be done.

To evaluate whether freeze-drying the biomass prior to the enzy-
matic treatment could impact the resulting bioaccessibility, we have
assessed the protein and lipid bioaccessibilities of biomass that was
freshly harvested and directly treated by enzymes (Fig. S1). A similar
increase in protein bioaccessibility after enzymatic treatment was
observed while the null effect of the enzymatic treatment on the lipid
bioaccessibility was confirmed, indistinctly if the biomass was priorly
freeze-dried or not. Noteworthy, freeze-drying caused an increase in
lipid bioaccessibility, which explains the higher value of lipid bio-
accessibility in the control of Fig. 2 compared to Fig. S1.

The protein bioaccessibility of HPH-treated biomass was 59.8% =+
1.8%, which is comparable to that of enzymatically treated biomass.
HPH caused an increase in lipid bioaccessibility up to 61.8% + 2.6%
(+36.9% compared to the control), showing that mechanical disruption
is necessary to enhance lipid bioaccessibility. However, HPH treatment
did not lead to full bioaccessibility of either protein or lipids, suggesting
that some of these molecules might still be present in the cell debris and
difficult to digest. It is important to note that protein bioaccessibility was
measured as the ratio between the TN in the micellar phase and the TN
in the full digesta. Therefore, part of the nitrogen released during
digestion may come from compounds other than protein, e.g.
glucosamine.

Our results correlate with the total tract apparent protein

el o BN

treated

Fig. 2. Lipid (diagonal line pattern) and protein (full pattern) bioaccessibility
of C. vulgaris biomass that was untreated (control) and subjected to enzymatic
and high-pressure homogenization (HPH) treatment. Error bars represent the
standard deviation of triplicates (n = 3).
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digestibility measured by Komaki et al. (1998), which was enhanced by
HPH only to a minor extent (from 87.4% to 88.6%). The higher absolute
value described in Komaki et al. (1998) compared to our study is
probably due to the different methodology used, as the authors
measured apparent protein digestibility in rats.

3.3. Particle size

To evaluate cell integrity and debris formation upon disruption
treatments, we measured the particle size of untreated cells, cells treated
with the enzyme combination (chitinase, rhamnohydrolase, and gal-
actanase), and cells treated with HPH. The mean diameter of the volume
based droplet size distribution (d43) and the volume density distribution
(qs3) are reported in Fig. 3a and b, respectively.

HPH led to a reduced mean diameter from 5.1 & 0.1 pm to 2.0 &+ 0.1
pm, indicating a major disintegration of microalgae cells. This result
further supports the theory of HPH being one of the most efficient
disruption methods (Safi et al., 2015). In Fig. 3b, HPH-treated cells show
a unimodal distribution, confirming the effectiveness of the disruption
treatment. Similarly, Carullo et al. (2018) achieved a mean particle size
of 2.22 pm in C. vulgaris after 5 passes at 1500 bar.

Enzymatic treatment (5.0 + 0.1 pm) did not lead to any change in
particle size compared to the control. This is in accordance with the
observation that enzymatic treatment preserves cellular integrity and
results in visually intact microalgae cells, as observed with light mi-
croscopy (Fig. 4b) (Safi et al., 2020). Indeed, enzymes may hydrolyse
some components of the cell wall and modify the cell boundary layer
without altering the morphological shape of the cells while allowing
products to leach (Giinerken et al., 2015).

The small peaks of particles measuring approximately 0.25 pm found
in both untreated and enzymatically treated cells (Fig. 3b) probably
represent cell debris naturally occurring in reproducing algae cultures.
At the maturation stage, C. vulgaris mother cells break, liberating the
daughter cells, while the residual debris of the mother cell will be used
up as substrate by the recently formed daughter cells (Safi et al., 2014).

3.4. Oxidative stability

The biomass oxidative stability was assessed by measuring the
development of secondary oxidation products during storage over 12
weeks at 40 °C (Fig. 5). The production of volatiles was examined in
enzymatically treated biomass (chitinase + rhamnohydrolase -+
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galactanase), HPH-treated biomass and untreated biomass (control).
Hexanal and (Z)-3-hexenal values are shown as targeted degradation
products of the most abundant fatty acids in C. vulgaris, named linoleic
acid (C18:2,n6) and a-linolenic acid (C18:3,n3), respectively (Rohfritsch
et al., 2019; Shahidi, 2001).

The signal of hexanal and (Z)-3-hexenal in untreated biomass did not
show an increase over 12 weeks of storage, indicating the remarkable
oxidative stability of dried C. vulgaris biomass.

For the first time, the secondary oxidation of microalgae biomass
treated with cell wall degrading enzymes was assessed. The volatiles in
the enzymatically treated biomass showed similar signals compared to
the control. The stability of enzymatically treated biomass over storage
confirms that enzymatic treatment is a mild process that preserves the
quality of the extractable component, in this case PUFA-rich lipids.

The signal intensity in HPH-treated biomass of hexanal and (2)-3-
hexenal was, respectively, 1.4- and 7.1-fold higher than that in the
control after 12 weeks, indicating the harsh effect of HPH on the biomass
oxidative stability. Differently, Gheysen et al. (2019) described a similar
secondary oxidation in intact and HPH-disrupted Nannochloropsis
biomass. This difference may be attributed to the different species or
different level of antioxidants.

In our study, a clear decrease in the volatile signal from week O to
week 2 was observed in the case of HPH-treated biomass, suggesting that
extensive oxidation already occurred during the disruption treatment
before storage. Indeed, it was shown that by disrupting the cells with
HPH treatment, the lipolysis starts directly during the process (Balduyck
et al., 2017). During the first two weeks of storage, part of the formed
aldehydes might have further reacted with other components released
by cell disruption or be degraded into organic acids, which were not
detected with the analytical method used.

Blind sniffing was performed on the same samples. Hexanal is
characterized by a fishy and grassy flavour, while (Z)-3-hexenal has a
cucumber-like aroma (Rohfritsch et al., 2019). The sensory outcomes
agreed with the analytical data. The untreated biomass was described as
neutral with a slight cheese-like flavour over the entire storage. Enzy-
matically treated biomass has a cereal-like, baked flavour at time O,
which turns into a fermented-like aroma over time. Notably, rancidity
was not described in enzymatically treated biomass. In contrast, strong
rancidity was perceived in HPH-treated biomass at week 0. The intensity
of this note decreased over time, supporting the analytical results.

This study confirms the crucial function played by cell integrity in
the oxidative stability of C. vulgaris cells, as was also hypothesized for
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Fig. 4. Representative light microscopy images of C. vulgaris cells that were untreated (a, control), enzymatically treated (b, chitinase + rhamnohydrolase + gal-

actanase) and treated with high-pressure homogenization (¢, HPH).
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Fig. 5. Evolution of secondary oxidation products - a) hexanal and b) (Z)-3-hexenal - during 12 weeks of storage at 40 °C for C. vulgaris biomass untreated (control,
@), enzymatically treated (chitinase + rhamnohydrolase + galactanase, ll) and high-pressure homogenization treated (HPH, ). The signal is expressed as the ratio of
the area of the targeted compound to the area of the internal standard (ISTD) hexanal-d;,. Error bars represent the standard deviation of triplicates (n = 3).

Nannochloropsis by Balduyck et al. (2017). In addition to cell integrity,
the chemical reaction catalysed by cell wall-degrading enzymes could
also explain the remarkable oxidative stability of biomass treated with
enzymes. Indeed, studies in plants suggested that carbohydrate-active
enzymes may help reduce the complexation of hydrophilic phenolic
compounds with polysaccharides and thus increase the amount of free
phenolics, favouring a higher antioxidant efficacy (Muniglia et al.,
2014). On the other hand, another reason for the extensive oxidation of
HPH-treated microalgae, in addition to the loss of cell integrity, could be
that cavitation during HPH can lead to the formation of free radicals
causing oxidation (Giinerken et al., 2015). Overall, the effect that cell
disruption treatment has on product quality can be a direct indicator of
its mildness (Giinerken et al., 2015).

4. Conclusion

Although more work is needed to optimise the enzymatic treatment
to maximise the nutrient bioaccessibility, this study showed that enzy-
matic treatment is an effective method for the release of cellular material
from algae while preserving cell integrity. Most importantly, we showed
for the first time that enzymatic treatment of algae biomass could
conserve the stability of important nutrients (e.g., PUFAs) and therefore
could avoid off-flavour formation, preserving biomass quality. In
contrast, mechanical treatment with HPH led to the highest lipid and
protein bioaccessibilities but compromised the oxidative stability of
such biomass. Future work should aim to optimise lipid bioaccessibility
and improve the stability of biomass after HPH (e.g., by optimizing
treatment conditions and antioxidant loading). In addition, enzyme
immobilization could reduce the needed quantity of enzymes and lower
the downstream processing costs.
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